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ABSTRACT 
Dendritic spines have been proposed to transform synaptic signals through chemical and 
electrical compartmentalization. However, the quantitative contribution of spine morphology to 
synapse compartmentalization and its dynamic regulation are still poorly understood. 
We used time-lapse superresolution STED imaging in combination with FRAP measurements, 2-
photon glutamate uncaging, electrophysiology and simulations to investigate the dynamic link 
between nanoscale anatomy and compartmentalization in live spines of CA1 neurons in mouse 
brain slices.  
We report a diversity of spine morphologies that argues against common categorization schemes, 
and establish a close link between compartmentalization and spine morphology, where spine 
neck width is the most critical morphological parameter. We demonstrate that spine necks are 
plastic structures that become wider and shorter after LTP. These morphological changes are 
predicted to lead to a substantial drop in spine head EPSP, while leaving overall biochemical 
compartmentalization preserved. 
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Dendritic spines form the postsynaptic component of most excitatory synapses, whose plasticity 
is essential for brain development and higher brain functions1,2. In addition to the molecular 
composition of the synapse, the morphology of spines is thought to be critical for synaptic 
function, as spine head size correlates with synaptic strength3,4 and undergoes changes during 
synaptic plasticity5-8. Even so, our understanding of how spine structure shapes synapse function 
remains fragmented. 
It is well established that spines compartmentalize biochemical signals9. By contrast, the 
quantitative contribution of spine morphology to compartmentalization is still unknown, and 
only moderate correlations between spine neck length or head volume and chemical diffusion 
have been reported9-11. It is an open question to what extent biochemical compartmentalization is 
determined primarily by spine geometry or intracellular factors such as organelles or protein 
assemblies. 
Concerning electrical compartmentalization, it is not clear how electrical signals are transformed 
by the spine neck9,12-14. This is an important question because synaptic strength may be adjusted 
through structural changes in spine necks, which has been a long-standing hypothesis15,16.  
An early electron microscopy study reported that the average spine head becomes larger and the 
neck wider and shorter after the induction of long-term plasticity (LTP)17, which was 
corroborated more recently by work based on 2-photon microscopy6,18,19. However, it is not 
known how these structural changes might affect biochemical and electrical 
compartmentalization, because 2-photon microscopy does not have sufficient spatial resolution 
to properly resolve spines and electron microscopy cannot be combined with functional assays.  
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Here, we combined stimulated emission depletion (STED) microscopy, fluorescence recovery 
after photo-bleaching (FRAP) experiments, 2-photon glutamate uncaging, and patch-clamp 
electrophysiology in living cultured mouse brain slices and computer simulations, to directly 
relate spine morphological measurements to functional assays.  
Our experiments clearly establish that spine morphology plays a determining role for 
biochemical and electrical compartmentalization, which can vary independently of each other. 
LTP leads to coordinated morphological changes in spine heads and necks, which leave overall 
biochemical compartmentalization intact, but are predicted to substantially impact EPSPs in 
potentiated spines. Furthermore, our study argues against common categorization schemes of 
spine morphology and indicates that stubby spines are substantially over-reported in the light 
microscopic literature due to limited spatial resolution.       
RESULTS 
Quantitative analysis of spine morphological parameters   
We imaged spines on secondary and tertiary dendritic branches of CA1 pyramidal neurons by 
STED microscopy in 2 to 4 week old organotypic hippocampal slice cultures. The images 
revealed a continuum of morphologies (Fig. 1a; Supplementary Fig. 1a,b). Spine neck widths 
were symmetrically distributed around a median of 147 nm, ranging from 51 to 279 nm (n = 309 
spines [15 slices, 10 animals]; Fig. 1a-c; Table 1), while neck length was 667 nm and head 
width 519 nm (Fig. 1d,e; Table 1). The distributions of the morphological parameters appeared 
smooth and unimodal (Fig. 1c-e) and none of the morphological parameters were inter-correlated 
(Fig. 1f-h).  
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We also imaged acute slices from 4 to 5 week old Thy1-YFP mice (n = 59 spines [4 slices, 3 
animals]). The ranges and distributions of morphological parameters were very similar between 
the two preparations (Fig. 1c-h; Table 1). In acute brain slices the median neck width was 
slightly larger than in organotypic slices (165 nm; Mann-Whitney test; p = 0.002; Fig. 1c), which 
may be a genuine difference, or reflect a slight decrease in optical resolution due to the larger 
imaging depth20 (See Online Methods). In addition, there was a weak correlation between neck 
width and neck length in acute slices (R2 = 0.21; Fig. 1g). All remaining experiments were 
carried out in organotypic cultures. 
The morphological parameters did not undergo directional changes (Kruskal-Wallis test p > 0.96 
for each of head width, neck width and neck length, respectively, over time; n = 33 spines [2 
slices, 2 animals]; Fig. 1i-l), indicating that spine morphology, especially spine neck length, is 
largely stable over periods of an hour (Fig. 1m) and that repeated STED imaging did not induce 
visible photo damage.  
Surprisingly, we observed few, if any, stubby spines (lacking an identifiable neck) in the STED 
images, which is in contrast to the light microscopic literature that commonly reports high 
fractions of stubby spines (up to 40%21-23). However, direct comparison between STED and 2-
photon images showed that short-necked spines frequently appear stubby in 2-photon mode, 
because of its lower optical resolution (Fig. 1n). Similarly, after spatially filtering the STED 
images to mimic the 2-photon case, short-necked spines wrongfully appear stubby (Fig. 1o). 
Moreover, given the limited z axis resolution of our STED approach, some spines might appear 
stubby because of a projection artifact in the z axis, even if the resolution in x-y is very high. 
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Taken together, the STED images reveal structural details and a diversity of spine shapes and 
sizes that validates previous electron microscopy studies24,25, and highlight the shortcomings of 
imaging spines with diffraction-limited resolution.   
Diffusional coupling of spines 
To assess the degree of biochemical compartmentalization of spines we performed FRAP 
experiments using freely diffusible YFP (27 KD) and Alexa 488 (0.64 KD). The recovery time 
course of the FRAP signal in individual spines could be well described by an exponential 
function with a single time constant τ (Fig. 2a; Suppl. Fig. 2), where τ reflects the degree of 
biochemical compartmentalization. The coefficient of variation of repeated τ measurements in 
individual YFP labeled spines was small (22 ± 6.7%; 6 repeated FRAP measurements in 11 
spines, mean ± standard deviation; Fig. 2b,c), indicating the approach is well suited for reporting 
differences between spines. In contrast, τyfp varied greatly from spine to spine (Fig. 2d), ranging 
from 42 ms to 2259 ms (median = 399 ms; n = 148 spines [15 slices, 12 animals]; Fig. 2e). Alexa 
488 has a 4.8 fold smaller hydrodynamic radius than YFP (0.58 nm versus 2.8 nm)26,27, and 
should diffuse accordingly faster if the diffusional milieu affects the two molecules similarly28. 
Indeed, fluorescence recovery was much faster for Alexa 488 (τalexa median = 63 ms; n = 85 
spines [5 slices, 4 animals]; Fig. 2e) than for YFP. Like for YFP, τalexa values differed greatly 
between spines, ranging from 14 ms to 292 ms (Fig. 2e), while varied little within spines (CV = 
18 ± 4.7% (standard deviation)) from 6 repeated FRAP measurements in 9 spines; Fig. 2b, c).  
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The ratio of the median time constants  τyfp/τalexa was 6.3, close to the ratio of their 
hydrodynamic radii, suggesting that diffusion of molecules in and out of spines is largely 
determined by their size28. 
Spine morphology predicts synapse compartmentalization 
In contrast to previous studies, our superresolution-based approach allows for direct correlations 
between morphology and diffusion measurements in single spines. The applied correlation tests 
are justified by a simple compartmental model where the theoretically predicted τ is given by: 
 ߬௖௔௟௖ ൌ ௏כ௅஽כ஺        (Eq. 1) 
[V is head volume, L is neck length, D is diffusion coefficient, A is neck cross sectional area, and 
assuming Dyfp = 16 µm2/s29, Dalexa = 120 µm2/s30].  
Plotting τyfp as a function of spine neck width revealed a strong negative correlation, well 
described by an inverse square function based on Eq. 1, (y = ax-2+b; R2 = 0.47; n = 148; Fig. 
3a,b), indicating that neck width is a determining factor of τyfp and that small differences in spine 
neck diameter have large effects on chemical diffusion. Additionally, there was a positive 
correlation between head width and τyfp, described by a cubic fit (y = ax3+b) with a moderate to 
strong correlation (R2 = 0.33; Fig. 3c), while neck length was a weaker predictor of τyfp (using a 
linear fit function; R2 = 0.18; Fig. 3d). Similarly, τalexa depended moderately to strongly on spine 
neck width (R2 = 0.31; n = 85; Fig. 3e,f), corroborating that biochemical compartmentalization 
depends sensitively on spine neck geometry.  
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When normalizing the Alexa 488 diffusion data by the factor 6.3 (the ratio of medians τyfp / 
τalexa), we found no differences between the diffusion of YFP and Alexa 488 for given neck 
width bins (Sidak’s multiple comparisons, all non-significant; Fig. 3g). 
Based on linear regression analysis, neck length explained 18% of the variation in τyfp (Fig. 3d), 
neck cross sectional area explained 45% (R2 = 0.45), and head volume 27%, while the respective 
residual plots validated the use of linear fits (Suppl. Fig. 3b-e). Overall, 60% of the variation in 
τyfp could be explained by morphology (Fig. 3h).  
Taken together, the experiments established a strong link between spine morphology and 
biochemical compartmentalization, identifying spine neck width as the dominant parameter of 
the diffusional barrier.  
Estimating the electrical resistance of the spine neck  
The electrical resistance of the spine neck (Rneck) can be estimated based on neck morphology or 
on spine head diffusion measurements using Ohm’s or Fick’s law, respectively9:  
ܴ௠௢௥௣௛ ൌ ఘכ௅஺         (Eq. 2) 
ܴఛ ൌ ఛכఘכ஽௏          (Eq. 3) 
[ρ is resistivity of the cytoplasm, D diffusion coefficient, L spine neck length, A neck cross 
section area, V head volume and, and assuming ρ = 150 Ω∗cm31,32, Dyfp = 16 µm2/s29, Dalexa = 
120 µm2/s30]. 
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From these equations we calculated Rneck in three independent ways, based either on morphology 
or diffusion measurements of YFP and Alexa 488, yielding highly consistent values and ranges 
centered around 56 MΩ (Rmorph = 44 [18,112] MΩ, n = 148; Rτ yfp = 62 [35,98] MΩ, N = 148; Rτ 
alexa = 57 [27,108] MΩ, n = 85; median [inter-quartile range]; 1-way ANOVA, p = 0.07 ; Fig. 
4a,b).  
Plotting the measured τ against the estimated Rneck revealed a significant correlation for a 
majority of spines. Interestingly, an iterative approach found that it was absent in the population 
of spines with high Rneck values, both for YFP (R2 = 0.28, p < 0.001 for Rneck < 84 MΩ, n = 100 
spines; in contrast R2 = 0.07, p = 0.07 for Rneck > 84 MΩ, n = 48 spines; Fig. 4c) and for Alexa 
488 (R2 = 0.30, p < 0.001 for Rneck < 80 MΩ,  n = 59 spines; in contrast R2 = 0.14, p = 0.06 for 
Rneck > 80 MΩ, n = 26 spines; Fig. 4d). This de-correlation indicated that in highly 
compartmentalized spines, biochemical compartmentalization and electrical neck resistance vary 
independently of each other.  
Correlation between changes in morphology and diffusion 
To investigate how changes in morphology and diffusion co-vary at the level of individual 
spines, we whole-cell patch clamped CA1 neurons and depolarized them to 0 mV for 4 min, a 
protocol reported to decrease diffusional coupling33.  
Indeed, this manipulation increased τalexa by 36 ± 12% (mean ± CI; Wilcoxon paired test, p = 
0.001; n = 25 spines, Fig. 5a), while spine neck width decreased by just 6 ± 2% (mean ± CI; 
paired t-test, p = 0.009; n = 25 spines; Fig. 5b), corresponding to a change in cross sectional area 
of 12%. Even though both effects are modest, the changes in τalexa and neck width co-vary 
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strongly (R2 = 0.34; Fig. 5c), corroborating that molecular diffusion is very sensitive to changes 
in spine neck width.  
Control experiments showed that voltage-clamping CA1 neurons at –70 mV by itself neither led 
to changes in neck width (mean ± CI Δ neck width 7 ± 4%, paired t-test; p = 0.16; n = 12 spines; 
Fig. 5d) nor τalexa (mean Δ τalexa 4 ± 3%; p = 0.62; Fig. 5e). The depolarization protocol did not 
affect head width, head length and neck length (Paired t-tests; p = 0.26 to 0.77; Fig. 5f). 
LTP leads to plasticity in spine head and neck geometry  
Next, we examined how spine morphology changes during spine-specific LTP6. 
We measured excitatory postsynaptic currents in response to glutamate uncaging (uEPSCs) in 
the whole-cell patch-clamp configuration up to 60 min after 2-photon uncaging by short pulses 
(1 ms, 0.5 Hz for 60 sec) in Mg2+ free solution. Similar to previous reports13, 14, this protocol 
potentiated targeted spines by around 75% for at least 60 min (1-way ANOVA, p = 0.0008, 
Dunnett’s Multiple Comparison test, all time points after potentiation p < 0.05; n = 10 spines [8 
slices, 3 animals]; Fig. 6a,b). In contrast, neighboring spines (within 5 μm) did not undergo 
potentiation (1-way ANOVA, p = 0.99, n = 8 spines [7 slices, 3 animals]; Fig. 6a,b). Applying 
the uncaging LTP (uLTP) protocol in the presence of Mg2+, where NMDA receptors remain 
blocked, failed to induce potentiation (1-way ANOVA, p = 0.99, n = 6 spines [5 slices, 3 
animals]; Fig. 6a,b). 
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Given that potentiation of uEPSCs could be reliably induced by this protocol (10 out of 11 spines 
responded with potentiation), we performed time-lapse STED imaging on unperturbed neurons, 
without electrophysiological recordings. 
Induction of uLTP led to a large increase in head volume (390 ± 11% (mean ±  s.e.m.), n = 16 
spines [12 slices, 6 animals]; Fig. 6c-f), followed by a stable plateau (around 160% above 
baseline)6,34. The changes were highly significant relative to before uncaging and to neighboring 
spines (n = 18 spines [12 slices, 6 animals]) and to uncaging on spines in the presence of Mg2+ (n 
= 9 spines [6 slices, 4 animals]), none of which underwent head size increases (2-way ANOVA, 
effect pre versus post uncaging p = 0.0002, effect uLTP versus neighbors versus uLTP+Mg2+ p < 
0.001; followed by Tukey’s Multiple Comparisons Test all uLTP time points after uncaging p < 
0.01, all neighbors and uLTP+Mg2 time points non-significant; Fig. 6f). 
Concurrently, there was a highly significant decrease in neck length by around 25% in 
potentiated spines (2-way ANOVA, effect pre versus post uncaging p = 0.07, effect of uLTP 
versus neighbor versus uLTP+Mg2 spines p = 0.01; Tukey’s Multiple Comparisons Test uLTP 
all time points after uncaging p < 0.05, all neighbors and uLTP+Mg2 time points non-significant; 
Fig. 6g). Moreover, uLTP induction led to a sustained widening of spine necks by around 30% 
(2-way ANOVA, effect pre versus post uncaging 0.009, effect of uLTP versus neighbor versus 
uLTP+Mg2 spines p = 0.02; Tukey’s Multiple Comparisons Test uLTP all time points after 
uncaging p < 0.05, all neighbors and uLTP+Mg2 time points non-significant; Fig. 6h). 
Impact on biochemical and electrical compartmentalization 
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To understand the impact of these morphological changes (summarized in Suppl. Fig. 4) on 
synapse compartmentalization, we calculated Rneck and τ during uLTP. On average Rneck drops by 
around 50% after uLTP (1-way ANOVA p < 0.0001, Dunnett’s Multiple Comparisons Test, all 
time points after uLTP p < 0.01; Fig. 6i), whereas τ is predicted not to change significantly (1-
way ANOVA p = 0.28; Dunnett’s Multiple Comparisons Test, all time points after uLTP p > 
0.05; Fig. 6j). The surprising prediction that τ is preserved after LTP was confirmed by separate 
experiments (Fig. 6j, Suppl. Fig. 5). These experiments corroborate a strong correlation between 
measured and calculated τ in a dynamic setting (R2 = 0.49, n = 41 τ recordings, n = 13 spines [6 
slices, 4 animals]; Fig. 6j,k). Moreover, we found a strong negative correlation between changes 
in head volume and Rneck after uLTP (R2 = 0.54; Fig. 6l), indicating that these structural changes 
are coordinated.  
Taken together, uLTP induction triggers changes in spine morphology that impact synapse 
compartmentalization in a complex way, leading to substantially increased electrical coupling 
while biochemical compartmentalization is largely preserved. 
Predicted effects of Rneck changes on EPSPs  
To explore the functional consequences of such changes in Rneck we used a simplified electrical 
equivalent circuit of a passive spine, i.e. without voltage-dependent conductances13 (Suppl. Fig. 
6a). We calculated EPSP amplitudes in the spine and dendrite for a physiologically relevant 
range of synaptic and dendritic parameters using the following equations: 
EPSPୱ୮୧୬ୣ ൌ ீ౩౯౤כோ౩౦౟౤౛כ ா౩౯౤ଵାீ౩౯౤כோ౩౦౟౤౛             (Eq. 4) 
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EPSPୢ ୣ୬ୢ ൌ ீ౩౯౤כோౚ౛౤ౚכ ா౩౯౤ଵାீ౩౯౤כோ౩౦౟౤౛        (Eq. 5) 
[Rdend is the input resistance of the dendrite (assumed to be 50 MΩ35,36), Esyn is the synaptic 
reversal potential relative to the resting membrane potential of –70 mV, Gsyn the synaptic 
conductance and Rspine = Rneck + Rdend]. 
Because the capacitance of the spine head and neck membrane is negligibly small (~0.01 pF), it 
is not included in the model13. 
The amplitudes of the EPSP in the spine head and the dendrite both depend strongly and 
positively on Gsyn (Fig. 7a,b), but they depend on Rneck in opposite ways in that the EPSP in the 
dendrite gets attenuated, while in the spine it gets boosted with increasing resistance (Fig. 7c).  
To illustrate this effect in relative terms, we plotted the ratios of the spine and dendritic voltages 
as a function of Rneck (Fig. 7c). Notably, the ratios depend solely on Rneck and Rdend and are 
independent of Gsyn and Esyn13.  
To predict the effect of a 50% drop in Rneck, we plotted the expected percentage changes of 
EPSPdend and EPSPspine as a function of initial Rneck (Fig. 7 d,e). Whereas EPSPdend increases 
merely by a few %, EPSPspine is consistently reduced by 20 to 40% over a wide range of Gsyn and 
initial Rneck values, indicating that physiological changes in spine neck geometry can 
substantially suppress the boosting of spine head voltages, but increase dendritic voltages only 
modestly (Suppl. Fig. 6b). These simulated effects on EPSPs solely reflect the observed changes 
in spine neck geometry, and do not take into account any increases in synaptic conductance after 
LTP. 
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DISCUSSION 
We performed time lapse imaging of dendritic spines in living brain slices with a lateral 
resolution around 50 nm37, in parallel with functional assays, effectively bridging the gap 
between electron microscopy and conventional fluorescence microscopy.  
Resolving live spine morphology 
Electron microscopy studies have provided exquisitely detailed and quantitative analyses of 
spine morphology in fixed samples24,38,39, but a comparable analysis in live tissue has been 
lacking. Our STED images reveal a high degree of heterogeneity of spine sizes and 
morphologies, which agrees well with the previous electron microscopy work, but argues against 
morphological categorization schemes commonly used in the light microscopic literature40-42. 
Notably, our study indicates that stubby spines are greatly over-reported in the light-microscopic 
literature, due to insufficient optical resolution. This conclusion is supported by electron 
microscopy studies that typically observe only low fractions (a few percent) of stubby spines in 
adult tissue24,25,38,43. This is not merely a semantic issue because spines with large heads and thin 
and short necks (e.g. Fig. 1o) represent completely different functional compartments than spines 
devoid of necks.  
Morphology determines biochemical compartmentalization 
Synaptic strength can be regulated independently of neighboring synapses by way of 
compartmentalized signaling6,34, which is thought to boost the computational power of neurons.  
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We found that 60% of the variation in biochemical compartmentalization across spines could be 
accounted for by morphology, and that changes in spine structure strongly impact molecular 
diffusion. Neck width was the most influential determinant of compartmentalization, potentially 
facilitating fast and cost-efficient regulation of the synaptic milieu. However, we cannot rule out 
that intracellular factors, such as organelles, co-vary with the morphology and also play a role. 
Even so, nanoscale spine structure can be used as a reliable proxy for synapse 
compartmentalization. 
The finding that fluorescence recovery of Alexa 488 and YFP largely followed basic diffusion 
theory suggests that the diffusion barrier holds for a wide range of signaling molecules, e.g. Ca2+, 
cAMP and IP3, and larger cytosolic proteins, e.g. GTPases, actin or monomeric CaMKII. Still, 
the slightly higher than expected median τ ratio (relative to the ratio of the hydrodynamic radius) 
may reflect a modest sieving effect, which slows down the diffusion of molecules based on their 
size. 
Reliable estimates of spine neck resistance 
As electrical measurements of Rneck are technically not possible, we estimated Rneck in three 
different indirect ways, using basic biophysical equations and the morphological and diffusional 
data. The fact that the independent estimates are highly consistent suggests that the 
measurements were robust and accurate.  
Previous studies based on EM25 or diffusion measurements9 reported a range of 1 to 400 MΩ for 
Rneck, whereas a recent study based on Ca2+ imaging estimated Rneck to be relatively large (500 
MΩ) and to very little across spines, which suggests that morphology does not a play a major 
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role44. Encompassing these values, our measurements revealed a broad distribution, indicating 
that, at any given time, half of all spines have Rneck values larger than 56 MΩ, with 5% having 
resistances larger than 500 MΩ. The previous discrepancies may be due to relatively low N in 
some reports and/or biases inherent to the methods that were used, which may have compressed 
biological variability. 
LTP leads to coordinated changes in spine heads and necks 
A multitude of diverging observations regarding spine neck plasticity can be found in the 
existing literature45. Whereas spine head enlargement after the induction of LTP has been 
consistently reported5,6,19,34, much less is known about changes occurring at the level of spine 
necks.  
Consistent with our observations, an early electron microscopy study reported changes in 
average spine neck geometry after tetanic stimulation17. However, as electron microscopy cannot 
be used for longitudinal investigations, the reported differences between the stimulated and 
control groups may have been due to altered turnover of populations of spines of certain sizes, as 
opposed to reflecting dynamic changes at the level of individual spines. A recent 2-photon study 
reported changes in spine neck fluorescence, which were interpreted as shortening and widening 
after LTP19, however, the quantification is problematic because of the limited optical resolution. 
Here, we present direct and clear evidence based on time lapse STED imaging that spine necks 
are highly plastic structures, becoming substantially shorter and wider in a spine-specific LTP 
paradigm. In addition, the analysis shows that structural changes in spine necks and heads occur 
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in a concerted fashion, with spine head enlargement scaling with neck shortening and 
broadening. 
Functional impact of spine neck plasticity 
Our data indicate that the observed morphological changes have diverging consequences for 
biochemical and electrical compartmentalization, which is theoretically possible given that τ 
depends on neck and spine head size (Eq. 1), whereas Rneck depends only on neck size (Eq. 2).  
Whereas spine head enlargement increases biochemical compartmentalization, the observed neck 
changes counteract this effect, so that diffusional recovery is largely preserved after LTP. 
Nevertheless shorter and wider necks may facilitate access to the spine from the dendritic side46, 
and chemical second messengers released into the enlarged spine head might be more diluted and 
disperse faster into the dendrite, which may render spines less susceptible to subsequent 
plasticity events.  
In contrast to biochemical compartmentalization, our simulations predict electrical signalling to 
be substantially altered by spine neck plasticity. While a 50% drop in Rneck is predicted to lead to 
only a slight increase in dendritic EPSPs, the amplitude of the EPSP in the spine would drop by 
20% to 40% in the majority of spines. 
With substantially reduced boosting of the spine head voltage after a sharp drop in Rneck, 
synapses will operate in a more linear regime: voltage-gated channels and NMDA receptors are 
less likely to get activated47, and the voltage in the spine head is less likely to reach the synaptic 
reversal potential and saturate the synaptic response48. Spines with shorter and wider necks will 
18 
 
be able to sustain stronger synaptic currents, because the driving force will be effectively 
maintained even during large or repeated synaptic conductance changes. In this way, the 
observed neck changes may functionally disinhibit the synapse, which could contribute to 
synaptic weight changes during LTP44,49.  
Taken together, our findings challenge the widespread notion that spines primarily shape 
biochemical rather than electrical signaling at synapses. Instead, they argue that both functions 
are distinctly shaped and dynamically regulated by nanoscale spine morphology. 
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Table 1. Results  
Organotypics Range Mean Median Quartile range
n (spines/ 
slices/animals) 
Neck width 51 to 279 150 147 124 to 173 309/15/10 
Neck length 70 to 2368 743 667 397 to 1037 309/15/10 
Head width 190 to 1482 575 519 385 to 730 307/15/10 
Acute slices      
Neck width 59 to 292 167 165 147 to 188 59/4/3 
Neck length 157 to 1801 689 551 260 to 993 59/4/3 
Head width 262 to 1104 583 564 397 to 756 59/4/3 
τ  (ms)      
τyfp 42 to 2259 518 399 206 to 676 148/15/12 
τalexa 14 to 292 80 63 36 to 105 85/5/4 
Rneck (MΩ)     
Rmorph 2.1 to 598 82 44 18 to 113 148/15/12 
Rτyfp 9.2 to 807 93 62 35 to 98 148/15/12 
Rτalexa 4.9 to 1263 115 57 27 to 108 85/5/4 
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FIGURE LEGENDS 
Figure 1. Spine morphologies span a broad continuum 
(a) STED images of dendritic segment. The image is a maximum intensity projection of 10 z-
planes 460 nm apart (raw image in Suppl. Figure 1). (b) Zoom in on spine of box insert in (a). 
The intensity profile of neck is depicted (yellow) with a Gaussian fit (dotted red), the full width 
at half maximum (FWHM; blue line) indicate neck width. (c) Distribution of neck width 
measurements in organotypic cultures. (d) Distribution of neck length measurements in 
organotypic cultures. (e) Head width distribution. Inserts in (c-e) show median, inter-quartile and 
range, see also Table 1. (c-e) Distribution of morphological parameters of spine in acute slices. 
Curved lines are log-normal fits where R2 = 0.92 to 0.97 for organotypic data and R2 = 0.72 to 
0.85 for acute slice data. (f) Linear correlations between neck and head widths, (g) neck width 
and neck length, (h) neck length and head width. (i) Time-lapse imaging over 1 hour (geometric 
mean with 95% CI), (j-l) Standard deviation of the normalized changes (corresponding to the 
coefficient of variation). (m) Variability of morphological parameters over one hour (p = 0.03; 
mean ± s.e.m.). (n) Spines appear stubby in 2-photon, but not in STED mode (red arrows). (o) 
Degrading a spine STED image digitally by convolving with a 200 nm Gaussian function makes 
the highlighted spine (blue arrow) appear stubby. All scale bars represent 500 nm. 
Figure 2. Spines are heterogeneous biochemical compartments  
(a) Example of FRAP trace with mono-exponential fit (red), yielding the time constant τ. The 
intensity bar is relative fluorescence of the line scan. (b) Variability of repeated FRAP 
measurements within spines. Scale bars are 250 ms. (c) mean CVs (± standard deviation) for 
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YFP and  for Alexa 488. Variability was not different between the two fluorophores (p = 0.15). 
(d) Variability in compartmentalization between spines. The traces were recorded at the color-
coded lines in the three spines. The bottom trace (dark lilac) shows bleaching and recovery in the 
spine head, while the flat trace (light lilac) shows the fluorescence in the dendrite. Scale bars 
represent 500 nm for spines and 1 s for FRAP traces. (e) Range and distribution of all YFP and 
Alexa 488 FRAP measurements. Scatter plots show all data points while the box plots show the 
median, inter-quartiles and range. 
Figure 3. Spine morphology determines compartmentalization 
(a) Two examples of YFP labeled spines and their corresponding FRAP traces and τ values. 
Neck diameters are indicated. Scale bars represent 500 nm for spines (applies to all spines) and 
500 ms for FRAP traces. (b) τ plotted as a function of neck width. The inverse square fit is 
shown with the 95% confidence interval. (c) τ plotted as a function of head width (cubic fit). (d) 
τ plotted as a function of neck length. Linear regression with residuals between τ and neck cross-
sectional area, head volume or neck length is shown in Supplementary Figure 3. (e) Two 
examples of Alexa 488 labeled spines and recovery traces. Red scale bar is 250 ms. (f) τalexa as a 
function of neck width. (g) τyfp and τalexa plotted relative to binned neck widths (Normalized bin 
heights not different; Sidak’s multiple comparisons, all p > 0.05). The two axes are scaled by a 
factor of 6.3, which equals the ratio median τ of YFP over Alexa. Bars indicate mean ± standard 
deviation. (h) Calculated τ (Eq. 1) plotted against measured τ. 
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Figure 4. Estimating electrical neck resistance 
(a) Distributions of estimates of Rneck based on morphology or diffusion (YFP and Alexa 488) 
measurements, which did not significantly differ (p = 0.07; plot depicts median, quartiles and 
range). (b) Cumulative probability plot of all spine neck resistances with median 56 MΩ. (c) τyfp 
as a function of Rneck (overall fit not shown, R2 = 0.32). For values of Rneck larger than 84 MΩ 
(dotted line) the correlation was non-significant (R2 = 0.07, p = 0.07, n = 48 spines), while it was 
moderate below this value (R2 = 0.28, p < 0.001, n = 100). (d) The same observation was made 
for τalexa, where the correlation was insignificant above 80 MΩ (dotted line; n = 26 spines; p = 
0.06, R2 = 0.14), while highly significant below, with a moderate correlation (n = 59 spines; p < 
0.0001, R2 = 0.30). 
Figure 5. Changes in diffusion and spine neck width co-vary 
(a) Change in τalexa after a 4 min depolarization to 0 mV. (b) Effect of depolarization on the 
spine neck width. (c) Changes in τalexa as a function of neck width change (Depicted with 95% 
CI. (d) τalexa of control cells, which were kept at –70 mV. (e) Neck width changes of control cells 
measured at two time points 5 min apart. (f) Depolarization did not lead to changes in head 
width, head length and neck length (p = 0.26 to 0.77). Before/after plots depict mean ± 95% CI. 
Figure 6. Structural neck and head plasticity during LTP 
(a) Uncaging EPSCs were measured before and up to 60 min after LTP induction. (b) Effect of 
the uncaging LTP protocol on EPSCs (Graph shows mean change ± s.e.m.) from targeted spines, 
neighboring spines within 5 µm, and spines subjected to the uLTP protocol in the presence of 
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Mg2+. Morphological changes during LTP were assessed in a separate set of neurons that were 
not patch-clamped. (c) Effect of uLTP targeting the spine identified by the arrow. (d) Another 
example uLTP induced changes in morphology in a potentiated spine (boxed). (e) Zoom of the 
boxed spine in (d). (f) Effect of LTP on head size (mean ± s.e.m.). (g) Effect of uLTP on neck 
length, (h) and neck width. (i) Calculated changes in Rneck and τ from the morphological 
measurements during LTP. (j) Calculated and observed changes in τ after uLTP (The 
corresponding morphological changes are depicted in Suppl. Fig. 5). (k) Pair-wise comparison 
of changes in observed and calculated τ during LTP depicted in (j). (m) Correlation of the initial 
head volume change to the corresponding Rneck change (at 1 min; data from (f-g)). Time lapse 
graphs display mean with s.e.m., and correlations plots are depicted with the 95% CI. Asterisks 
denote * p < 0.05; ** p < 0.01; *** p < 0.001. 
Figure 7. Influence of Rneck on electrical signaling 
(a) Simulation of the dependence of the dendritic EPSP on Rneck for three values of synaptic 
cunductances (Gsyn). The 56 MΩ median Rneck is depicted as a dotted line. (b) The corresponding 
EPSPs in the spine head as a function of Rneck. (c) Ratios EPSPspine/EPSPdend and 
EPSPdend./EPSPspine relative to Rneck. The ratios are independent of Gsyn. (d) Percentage change in 
dendritic EPSP caused by a 50% drop in Rneck, as a function of the initial Rneck. (e) The 
corresponding EPSP change in the spine head. 
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ONLINE METHODS 
Animals 
All experiments were performed in organotypic or acute hippocampal brain slices from Thy1-
YFP-H transgenic mice, in which a subset of hippocampal CA1 pyramidal neurons strongly 
expresses YFP (Jackson Labs, Bar Harbor, ME). Experimental procedures were in accordance 
with the French National Code of Ethics on Animal Experimentation and approved by the 
Committee of Ethics of Bordeaux (No. 50120202). 
Organotypic slice cultures and acute slices 
Organotypic hippocampal slice cultures (Gähwiler type) were dissected from 5-7 day pups of 
Thy1-YFP transgenic mice and cultured 2 to 4 weeks at 35° C in a roller drum at 10 revolutions 
per hour as previously described50,51. In brief, hippocampi were chopped coronally at 350 μm 
using a tissue chopper and embedded in a freshly mixed plasma/thrombin clot on the surface of a 
poly-L-lysine (PLL) coated glass coverslip. After coagulation, the slice on the coverslip is 
cultured in a roller tube in 0.5 ml of medium consisting of 50%  Eagle′s Basal Medium, 25% 
horse serum and 25% Hank’s Balanced Salt Solution, supplemented with Glutamine to a final 
concentration of 1 mM and Glucose (11 g/L) (all from Sigma). The Gähwiler cultures are 
optically very accessible, as synapses close to the coverslip can be imaged on an inverted 
microscope setup.  
Acute hippocampal slices from 4 to 5 week old Thy1-YFP-H mice were cut on a vibratome at 
350 μm in chilled solution consisting of 195 mM Sucrose, 2.5 mM KCl, 1.25 mM NaH2PO4, 28 
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mM NaHCO3, 0.5 mM CaCl2, 1 mM ascorbic acid, 7 mM glucose and 7 mM MgCl2. After 
cutting, slices were allowed to recover for an hour. Immediately before imaging, slices were 
placed on PLL coated glass coverslips, to which they would adhere, and transferred to the 
perfused imaging chamber. 
STED microscope and imaging 
Superresolved images of spines were acquired by STED microscopy52,53. The home-built STED 
microscope was described previously37. Briefly, it is constructed around an inverted confocal 
microscope (DMI6000, Leica) using a 100x, 1.4 NA oil immersion objective (PL APO 100, 
Leica). It uses pulsed excitation at 488 nm (PicoQuant) and pulsed quenching at 594 nm. The 
quenching wavelength is derived from an optical parametric oscillator (OPO) pumped at 796 nm 
by a Ti:Sa femtosecond laser (MaiTai, SpectraPhysics). Emitted fluorescence is detected by an 
avalanche photo-diode (APD, Perkin Elmer). Pixel dwell times were 40 to 50 µs for STED 
images, and pixel size was typically 20 nm by 20 nm. Typically three to five z-sections were 
acquired 400 nm to 500 nm apart. The effective lateral optical resolution of this setup is around 
50 nm for work in live organotypic slices37. 
A second Ti:Sa pulsed femtosecond laser (MaiTai, SpectraPhysics) in the infra-red range was 
routed in and co-aligned with the excitation/quenching beams. This beam was used for 2-photon 
mediated bleaching of YFP at 900 nm and Alexa Fluor 488 at 800 nm, as well as for 2-photon 
imaging at 900 nm and 2-photon glutamate uncaging at 740 nm. Image acquisition was done 
using ImSpector software54. Experiments were performed in artificial cerebro-spinal fluid 
containing 125 mM NaCl, 2.5 mM KCl, 1.3 mM MgCl2, 2 mM CaCl2, 26 mM NaHCO3, 1.25 
mM NaH2PO4, 20 mM D-glucose, 1 mM Trolox; 300 mOsm; pH 7.4. Perfusion rate was 2 
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ml/min and the temperature 31.5°C. Since our STED approach enhanced resolution only in the 
lateral plane, we limited our analysis to spines extending laterally from the dendrite. For imaging 
of acute slices the microscope objective was changed to a glycerin objective (NA 1.3) equipped 
with a correction collar (Leica), which facilitates superresolution imaging at tens of microns 
tissue depth, which is not possible with oil objectives (NA 1.4) because of spherical 
aberrations55. However, because of the lower numerical aperture, the achievable resolution is 
slightly lower than with oil.  
Geometric measurements of morphological parameters were done on raw images of single 
sections in ImageJ. Spine neck widths were obtained from full width half-maximum (FWHM) 
measurements based on Gaussian fits of line profile plots as in56. Each line profile was obtained 
from a 3 pixel wide line, to avoid noisy single pixel outliers. Neck length was measured from the 
base of the parent dendrite to the base of the head, following the curvature of the spine neck. 
Head width is measured perpendicular to the spine neck axis, unless a cup-like shape would 
suggest another location of the synapse than on the tip of the head. Head volume was 
approximated by volume = 4/3π (head radius)2 * (0.5 * head length). Neck length measurements 
are subject to a projection artifact caused by the relatively limited z-resolution (~600 nm). 
FRAP experiments 
Bleaching was performed by line scanning the 2-photon beam for a period of 10 ms through the 
spine head, concomitant with 488 nm single-photon excitation line scanning to read out 
fluorescence levels in confocal mode. Bleaching power was around 5 mW in the back aperture of 
the objective. The bleaching period was preceded by a 0.5 s baseline scan, and followed by at 
least 3 s of scanning to measure recovery. The effective line scan frequency was 270 Hz with a 
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pixel size of 35 nm. For a subset of YFP spines, 2-photon mediated bleaching was performed as 
a discrete episode between baseline and recovery line scanning by scanning an area of 100 nm by 
100 nm within the spine head of interest over approximately 300 ms. For these experiments the 
bleaching power was reduced. The two bleaching schemes yielded identical results (linear 
regression R2 = 0.76, fit slope 1.0; paired t-test P = 0.97; N = 14 measurement pairs in 14 spines; 
Suppl. Fig. 2). In all cases, the 2-photon laser power was adjusted so that bleaching levels were 
in the range of 25% to 75%.  Line scanning laser intensities were adjusted to give a stable 
baseline where confocal mode scanning itself did not induce bleaching. Fluorescence recovery 
was plotted as emission intensity versus time and fitted with a single-exponential function in 
ImageJ, wherefrom the recovery time constant, τ, was derived9. For each spine 2 to 3 consecutive 
FRAP measurements were obtained and the average τ value used for further analysis, except for 
the depolarization experiments, where only one measurement was performed prior to the 
challenge. Alexa Fluor 488 (Invitrogen) was dissolved at 200 µM in intra-cellular solution 
containing 125 mM K-gluconate, 5 mM KCl, 10 mM HEPES, 1 mM EGTA, 4 mM Mg-ATP, 0.3 
mM Na-GTP, 10 mM Na-phosphocreatine. Cells not expressing YFP were voltage-clamped at –
70 mV in the whole-cell configuration, and loaded 5 min or more before experiments.  
Electrophysiology 
Whole-cell patch clamp recordings was performed using the intracellular solution described 
above, and glass pipettes with a tip resistance around 5 MΩ. Depolarizations consisted of 4 min 
long voltage clamping to 0 mV with 5 mM QX-314 in the patch pipette. Consecutive STED 
images and FRAP measurements were obtained immediately before and around 2 minutes after 4 
minutes of depolarization to 0 mV. Uncaging induced excitatory postsynaptic currents (uEPSCs) 
28 
 
were recorded in the whole-cell mode with the addition of 5 μM β-actin in the intracellular 
solution, and with pipette tip resistances of around 10 MΩ to reduce intracellular dialysis19. 
Synaptic uncaging currents were measured at a membrane potential of –70 mV. uEPSCs were 
averages of four repeats. Two uEPSC baseline time points were acquired in the presence of 
MgCl2, then MgCl2 was removed and 1 mM tetrodotoxin (TTX) was added during LTP induction. 
After induction of LTP MgCl2 was added back to the solution and additional time points were 
acquired. Uncaging induced LTP (uLTP) was induced by uncaging glutamate at 0.5 Hz for 1 
min34. The caged glutamate compound was a modified version of the commercial MNI-
glutamate, which has a higher quantum efficiency (provided by Balázs Rózsa, Two-Photon 
Imaging Center, Institute of Experimental Medicine of the Hungarian Academy of Sciences). We 
used it at a concentration of 2 mM. The 2-photon laser was tuned to 740 nm, and the pulses were 
1 ms in length and delivered around 3 mW power into the back aperture of the objective. The 
uncaging pulses were controlled by a Pockels cell. For uncaging without electrophysiology, as in 
the uncaging plus STED imaging experiments, prior to experiments a cell in the slice culture was 
patch-clamped and the optimal uncaging power determined for the given conditions. The 
uncaging plus STED imaging experiments are therefore performed in unperturbed neurons. 
During uLTP experiments STED images were acquired at –5, 1, 15, 30, 45 and 60 min relative to 
LTP induction. During LTP + FRAP experiments STED images were acquired at –5, 2, 15 and 
30 min (the 1 min time point was not accessible due to the time required for switching from 
uncaging to FRAP wavelengths on the laser). 
Simulations of EPSPs 
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EPSP amplitude as a function of Rneck was calculated based on a simplified equivalent circuit of 
an electrically passive spine13. The model takes into account synaptic conductance (Gsyn), 
synaptic reversal potential (Esyn), spine neck resistance (Rneck), and dendritic input resistance 
(Rdend). With Rspine = Rneck + Rdend, the voltage in the spine head can be expressed as 
EPSPୱ୮୧୬ୣ ൌ
ܩୱ୷୬ כ ܴୱ୮୧୬ୣ כ  ܧୱ୷୬
1 ൅ ܩୱ୷୬ כ ܴୱ୮୧୬ୣ  
and the voltage in the dendrite immediately below the spine neck as 
EPSPୢ ୣ୬ୢ. ൌ
ܩୱ୷୬ כ ܴୢୣ୬ୢ כ  ܧୱ୷୬
1 ൅ ܩୱ୷୬ כ ܴୱ୮୧୬ୣ  
We set Rdend to 50 MΩ and Esyn to +70 mV (relative to the resting membrane potential of –70 
mV)36,57. Assuming Gsyn to be around 0.5 nS57,58, we calculated EPSPs for three different values 
of Gsyn (0.1, 0.5, 2.5 nS), lumping together the contributions from AMPA and NMDA receptors. 
Rdend is assumed constant after LTP and the model does not take into account any increases in 
Gsyn during LTP57. The effect of LTP on EPSPs thus reflects the drop by 50% in Rneck after LTP. 
Data analysis  
No statistical methods were used to pre-determine sample sizes but our sample sizes are similar 
to, or exceed, those reported in previous publications6,9,25. Data collection and analysis were not 
performed blind to the conditions of the experiments. Normality of data distribution was tested 
by D'Agostino & Pearson normality test. Data are presented as median values with inter-quartile 
range (IQR), or as mean with standard error mean (s.e.m.), standard deviation or the 95% 
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confidence interval (95% CI), as specified throughout. Statistical comparisons and parameters of 
variability were obtained using GraphPad software, as specified under Results. The level of 
significance was set to 0.05 and all tests are applied two-sided where applicable. In figures 
calculated probabilities are symbolized by asterisks as follows, * p < 0.05; ** p < 0.01; *** p < 
0.001. Data were not randomized for analysis. Figure images are displayed as maximum 
intensity projections of z-stacks with a 1-pixel median filter and no additional processing. Look-
up tables are Orange Hot or Fire (inverted). 
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